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ABSTRACT: In quest of the holy grail to “see” how individual
molecules interact in liquid environments, single-molecule
imaging methods now include liquid-phase electron microscopy, whose resolution can be nanometers in space and several
frames per second in time using an ordinary electron
microscope that is routinely available to many researchers.
However, with the current state of the art, protocols that sound
similar to those described in the literature lead to outcomes that
can differ. The key challenge is to achieve sample contrast
under a safe electron dose within a frame rate adequate to
capture the molecular process. Here, we present such examples
from different systems�synthetic polymer, lipid assembly,
DNA−enzyme�in which we have done this using graphene
liquid cells. We describe detailed experimental procedures and share empirical experience for conducting successful
experiments, starting from fabrication of a graphene liquid cell, to identification of high-quality liquid pockets from desirable
shapes and sizes, to effective searching for target sample pockets under electron microscopy, and to discrimination of sample
molecules and molecular processes of interest. These experimental tips can assist others who wish to make use of this method.
KEYWORDS: single molecule, liquid-phase electron microscopy, graphene liquid cell, protein intermediates, DNA, enzyme
including nucleation and growth,12 crystallization,13 and
assembly,14 but these successes rarely involve organic
materials. Organic samples offer weaker contrast because of
lower atomic numbers and inherent sample fragility from
radiolysis.15−18 It is promising that many experiments
suggested different levels of structural intactness of soft
materials, including micelles19 and block copolymer assemblies,10 and biological samples, including protein20 and
aggregates, viral particles,21 and cells and their interactions
with nanoparticles.22,23 Imaging individual molecules to resolve
their backbone structures and solution dynamics, however,
poses challenges in achieving better resolution under the safe
low-electron-dose condition.

INTRODUCTION
A longstanding goal in imaging science is the capability to see
the whole molecule adaptation during interactions�in situ in
its native liquid environment and including the time variable
directly. This contrasts with the orthogonal approach of
investigating frozen snapshots in time. The former capability is
broadly relevant and important to biological and chemical
systems. Questions of interdisciplinary interest include timedependent conformational rearrangements,1,2 intermediate
states,3,4 translational motion5 and molecular rotation,6
assembly pathways,7,8 and phase separation.9,10 These require
an experimental technique equipped with both spatial and
temporal resolution matching up with the characteristic time
scales of these molecular processes. There are tradeoffs. For
example, cryogenic electron microscopy is unsurpassed in its
capability to resolve structures7 but lacks the ability to resolve
changes in the same molecule over time. Fluorescence-based
methods resolve dynamics and kinetics but require labeling.1,9,11
In the development of liquid-phase electron microscopy
(LP-EM) methods, there has been a tremendous success in
imaging dynamics of inorganic materials at atomic resolution,
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Figure 1. Five examples of organic molecules and assemblies imaged in this laboratory using graphene liquid cell electron microscopy. (a)
Schematic depiction of a GLC on an EM grid. Note that the wrinkled shape differs from the veil shape often noted in other literature reports.
(b) A typical bubble-free GLC, this one containing a synthetic polymer (polystyrenesulfonate, 2000 kDa). The scale bar is 100 nm. Adapted
from ref 2. (c) Image of a Y-shaped DNA duplex. The inset shows schematically how it was constructed. For this molecule, a time-dependent
image series is given, as shown in Figure S1. (d) Section analysis of intensity plotted against position for the yellow line highlighted in (c).
(e, f) Intermediate states of the DNA hybridization process, adapted from ref 4. (g) Intermediate states of enzyme catalyzed DNA
polymerization. (h) Individual bicelles, one in a top view and one in a side view. For these bicelles, a time-dependent image series is given in
Figure S2 with a scale bar of 10 nm.

Among the available liquid cell types, the graphene liquid
cell (GLC) uses the thinnest possible window material, two
layers of graphene sheets, and this benefits the experiment, as
the consequence is that minimized background scattering
improves the sample contrast. It further protects the sample
from electron-induced damage with its radical-scavenging
capability,17,24 in addition to its high electrical and thermal
conductivity17 that prevents the building up of electrical charge
and local heating during imaging. Applied to organic
molecules, the original GLC method was indirect imaging:
pioneering work suggested the viability of DNA molecules
whose ends were attached to nanoparticles.25 We found that a
modified GLC approach has a higher success rate for singlemolecule imaging, and using it we showed that individual
synthetic macromolecules and their conformational rearrangements were visualized without the need of metal stain.2 The
use of radical scavengers and D2O solvent extends the imaging
time window,26 thus enabling this method to image more
fragile biological interactions. It is encouraging that singlestranded DNA hybridization, which is based on hydrogen
bonding (a weaker chemical bond than a covalent bond) was
imaged with time-resolved intermediate states and pathways.4
This paper highlights technical issues regarding which
successful experiments differ from those involving nanoparticles. First, the sensitivity of organic samples to electrons
produces tradeoffs among contrast, resolution, and sample
lifetime. Increasing the electron dose is not necessarily the
most desirable way to achieve better resolution; instead, longer
exposure times can be more helpful, provided that molecules
move sufficiently little over the experimental time window.
Reproducibility is a second key difference. This concerns not
only the inherent heterogeneity of GLCs, whose size and shape
differ using different methods based on the same protocol even
within the same EM grid.2,27−29 The probability of molecular
interaction that we are interested in observing is also
influenced by molecular diffusion, which largely depends on

the size of the liquid pocket. Thinner liquid thickness gives
better contrast because of less background scattering as well as
hindered diffusion of molecules from confinement. However,
the chance of molecules to be encapsulated by thinner pockets
is significantly reduced, and more importantly, probabilistic
interaction processes of interest are largely reduced as
molecular diffusion slows down. Conversely, for thicker
pockets, the contrast is worse, yet the sample lifetime is
shorter, because protection from graphene decreases for a
decreased surface to volume ratio.
Also problematical is how to discriminate sample molecules
and identify the interaction process of interest.30 This is less a
problem when imaging inorganic nanoparticles that are welldefined in shape, are decently contrasted, and are robust
against electron irradiation. Not only can they be identified
easily from size and morphology but also elemental analysis via
energy filtering measurements can achieve subparticle
resolution. However, for organic molecules, as an elemental
analysis of individual molecules is not yet possible because of
sensitivity issues, the size and morphology become the main
features by which to identify them, despite the fact that
thermal fluctuations modulate their shapes. Given that they are
electron damage prone, it is thus critical to identify their
structural intactness during imaging at different dose rates16,31
as well as on encountering different physical environments.
Likewise, one needs to be aware of the possible presence of
interfering nanoobjects, possibly similar in shape and size, that
could result from the electron-induced processes of graphene,
amorphous carbon, and the sample molecules themselves.

RESULTS
Diverse Sample Molecules Can Be Imaged with GLC.
Figure 1 summarizes some of the distinctive shapes that we
imaged for various types of organic samples (Figure 1a). A
typical electron micrograph of a bubble-free liquid pocket
B
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Scheme 1. Step-by-Step Experimental Guidelines of Single-Molecule Image with GLC LP-EM

Figure 2. Method used in this laboratory to assemble GLCs. (a) Steps 1−3 etch the graphene-covered copper foil. (b) Step 4 transfers
graphene onto an EM grid. (c) Step 5 dries out the grid with filter paper. (d) Step 6 loads a sample drop onto a graphene-covered grid. (e)
Step 7 assembles the GLC by placing the grid onto a free-floating graphene sheet. (f) Evaporation assists the formation of a GLC.

containing dilute polymer chains (polystyrenesulfonate) under
the experimental magnification condition is shown in Figure
1b, adapted from ref 2. Depending on the concentration, a
pocket usually contained several up to 20 molecules. In
contrast to the ill-defined shape of a single flexible macromolecule, this figure also presents four other examples of welldefined shapes that are biorelevant (Figure 1c). Figure 1c
shows a “Y” shape from a prehybridized duplex from three
stands (inset); each is 54 base pairs in length, and they are
partially complementary to each other. In Figure 1d, a section
analysis shows that the single helix was resolved down to its
theoretical width, ∼2 nm. In Figure 1e,f, a hybridization
process for 90 base pairs of a contact zipper-up mechanism
resolved how two molecules encountered each other (Figure
1e) and became a rod (Figure 1f), adapted from ref 4. As
shown in Figure 1g, a curved shape was observed during a
DNA polymerization process catalyzed by two enzymes, ligase
and Bgl1. As shown in Figure 1h, a lipid assembly of pancakeshaped bicelles, each ∼10 nm in diameter, was imaged from
both top and side views.
Experimental Guidelines for Single-Molecule Experiments. As summarized in the flowchart (Scheme 1), we
describe detailed experimental procedures and share empirical
experience for conducting successful experiments, starting from
fabrication of the GLC, to identification of high-quality liquid
pockets from desirable shapes and sizes, to effective searching
for target sample pockets under EM, and to discrimination of
sample molecules and molecular processes of interest.
Fabrication of GLC. Surveying the literature, one sees that a
GLC has been formed using four methods. (1) The original
method requires two graphene-covered EM grids12 that
sandwich the sample droplet. (2) One graphene-covered EM

grid is used to scoop the sample solution, on which a free
graphene sheet is suspended.22 (3) The sample droplet is
placed on a graphene-covered EM grid which is then flipped to
touch down a free-floating graphene sheet.2,27,32,33 (4) A loop
is used to transfer the sample solution on which a graphene
sheet is suspended to a graphene-covered EM grid.28
Among the methods that provide sample contrast using one
grid and a free-floating graphene sheet, we selected protocol 3
for single-molecule experiments2 because it requires less
sample and does not produce assistive polymer residues
whose contrast and size can be similar to those of sample
molecules. This criterion is important for samples, especially
biological samples, of limited quantity and high cost. Others
too have found this protocol to provide better contrast.32,33
Using protocol 3, an ∼1 μL drop suffices to assemble a grid,
while protocols 2 and 4 require transferring free-floating
graphene onto the sample solution with the corresponding
requirement of a significantly larger solution volume. We now
describe the procedure in detail (Figure 2). In step 1, a
graphene copper foil is cut into small squares, ∼1 × 1 cm, and
they are flatted with clean glass slides. In step 2, one EM grid is
loaded onto each piece of copper foil, with the carbon film side
facing down. In step 3, a small droplet of isopropanol is added
onto the grid/foil surface and allowed to dry upon natural
evaporation for up to 30 min. In step 4 (Figure 2a), the foil is
turned 90° to check whether the grid is firmly attached then
placed into 0.1 M ammonium persulfate solution, allowing at
least 4−6 h for copper to be etched away. In step 5 (Figure
2b,c), the excess graphene around the grid is removed by a
tweezer, and then the grid is gently placed onto clean filter
paper with the graphene side facing up for drying. In step 6
(Figure 2d), ∼0.5 μL of the sample solution is added to the
C
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Figure 3. Examples of GLC liquid pocket shape that we have observed. (a, b) Histograms of angle and aspect ratio, analyzed from 334
pockets for which these two parameters are meaningful. (c−h) Four representative images and definition of the angle θ for a description of
the shape. (i−k) Schematic illustrations of the mechanism to form pockets of different shapes: (i) veil; (j) scroll; (k) crease. (l−o) Stages of
progressive search for a promising sample pocket under EM, in sequence: (l) survey of a large area of the EM grid at the boundary of a dried
droplet; (m) identification of a promising region for searching, as viewed on the fluorescent screen of an electron microscope; (n)
identification of an apparently high-quality GLC region on the fluorescent screen of an EM except that it unfortunately contains a bubble;
(o) identification of an apparently high-quality region on the fluorescent screen of an EM.

varying from less than 50 nm34 to 100 nm12,20,27 and to a
large range of width 100−800 nm28 and even a 1 μm.29
Different pocket shapes imply different formation pathways
(Figure 3i−k): graphene veils, graphene scrolls, and graphene
creases (or wrinkles). Veils are sealed by a van der Waals
attraction between the top and bottom layers of graphene, but
historically the vocabulary has been different. Before a GLC
was invented, when graphene was used to trap guest particles,
the “sandwich” referred to guest species relatively closely
spaced that formed a near-continuous inner layer, whereas a
“veil” referred to discrete guest species that are individually
draped within a close-fitting envelope.36 Currently, as GLC
methods rely on isolated pockets, the community uses the
word “veil” to describe this situation. Veils usually have
symmetrical shapes that correlate with size.37 Circular
footprints are usually up to 100 nm in diameter, but triangles
and squares can reach up to several hundred nanometers.
Graphene “scrolls” formed when scrolling of planar graphene is
induced by water as a result of the interplay between water
capillarity and graphene elasticity;35 usually these kinds of
pockets are narrow long tubes with diameters of less than 80
nm.34 Graphene “creases” are usually found in the form of
high-aspect-ratio folds and faceted shapes that can be up to
700 nm in width and 1 μm in length.28
Given the observed anisotropic shapes of pockets in the
samples with which we work, it is likely they are predominately
graphene scrolls and creases, not veils. Using the method of
GLC preparation described above, we rarely observe pockets
that are circular in shape as described by the original report

center of the graphene side of the grid. The sample volume is
critical, as we found a GLC forms better with a smaller droplet
located near the center. In step 7 (Figure 2e), the grid is placed
gently on a pre-etched freely floating 3−5 layer graphene with
the droplet side facing down. In step 8 (Figure 2f), after ∼5
min, the grid is removed and rinsed if necessary. The grids are
left for 15−30 min to allow liquid pockets to form. We use a
polymer-free method in handling graphene to prevent the risk
of having residual polymer as interfering objects to
discriminate the sample molecules of interest.
Desirable Shape and Size of Liquid Pockets. Summarizing
446 pockets (images in Figure S3) that contained our sample
molecules in many experiments, we identified features of highquality liquid pockets. To describe them, we define two
parameters: θ (the angle of the two long sides) and aspect ratio
(the ratio of the long side divided by the width). Summarizing
334 pockets that can be described with the two parameters,
histograms show that pockets with small θ (0−10°) are the
most abundant (Figure 3a) and ∼70% of the pockets have an
aspect ratio higher than 3 (Figure 3b). Histograms of their
width and height are shown in Figure S4. Pockets display a
variety of shapes; the most prevalent are high-aspect-ratio
tubes (Figure 3c), rectangles (Figure 3d), and their variants
(Figure 3e,f). We also observed other interesting shapes, for
example, two pockets that share a common wall (Figure 3g)
and three intertwined pockets (Figure 3h), which were not
previously reported to the best of our knowledge. The shapes
and sizes reported in the literature are diverse, including
ovals,12,29 tubes,28,34,35 triangles,27,28,35 and rectangles,28
D
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Figure 4. Common patterns of radiolysis-induced bubble and chemical degradation processes in GLCs. (a−c) Bubble patterns in relatively
large (a) and small pockets (b, c), and common contaminants (c) in small pockets (yellow arrows highlight the positions of multiple small
bubbles). The scale bar is 50 nm. (d−f) Isotropic degradation patterns in a bubble-free pocket, illustrated for a lipid assembly (d, Figure S6),
for double-stranded DNA (e, Figure S7), and for a synthetic polymer chain (f, Figure S8). Adapted from ref 26. The scale bar is 20 nm. (g, h)
Anisotropic degradation patterns, illustrated for a polymer chain that encounters a gold nanoparticle (g, Figure S9), and a polymer chain
that encounters a bubble (h, Figure S10). Green arrows highlight the nanoparticle. Circles identify separated pieces after chain scission. The
scale bar is 20 nm. (i) Projected molecular area plotted against time using data from (d). (j) Comparison of the normalized projected area,
plotted against time, with data taken for isotropic (f) and anisotropic degradations for a polymer molecule (g, h). In (i), the shaded rectangle
calls attention to the range of unavoidable fluctuation in data of this kind. In (j), the data taken from (f−h) are squares, triangles, and circles,
respectively.

using protocol 1. Additionally, veils are rather shallow. Their
depth is estimated to be ∼1/10 of pocket width,37,38 but in our
EELS measurements, the pockets are ∼80 nm in depth,2 ∼1/3
of the pocket width. Although thinner pockets provide better
spatial resolution, they are not the most desirable for singlemolecule imaging because of tradeoffs between sample
encapsulation and image resolution in thin pockets. Although
it would be desirable to measure the thickness for each pocket
in which the sample is investigated, the standard method of
thickness measurement (EELS) cannot be used while
simultaneously imaging.
We obtain the best-quality data from pockets that are 100−
350 nm in width; for this range of pocket size, sample
molecules are encapsulated at high enough abundance and
they are unlikely to be perturbed by radiolysis-induced bubbles
and other radiolysis-induced contaminants. Although the
chances are substantial to find smaller pockets, ∼80% counting
from 118 pockets from 43 grids (images and histogram in
Figure S5), these pockets usually were empty or contained a
few nanoobjects that were visually different from sample
molecules. The observation of pocket superposition (Figure
3d,f,h)�intact larger pocket on the top of thinner pockets
containing copious bubbles�indicates that pockets may form
at different steps of sample preparation. Indeed, we notice that
thin liquid pockets (50−100 nm) can form before the sample
solution is added, during the graphene transfer process to the
EM grid (Figure 2a−c). Likely these pockets are graphene
creases formed from a single sheet28 or veils between graphene
and the substrate.38 The liquid in these pockets is likely the
etchant solution. After loading the sample solution (Figure
2d,e), we find predominately larger pockets (>150 nm) that
contain sample molecules, as described in the previous section.
Although giant pockets (>400 nm) can form at low probability,
in this case sample molecules are mainly indiscernible from the
dark liquid background and sometimes appear only transiently
as poorly resolved objects. Due to the complication in their

origins of formation, we do not analyze data from small
pockets (50−100 nm), yet we do not rule out the possibility
that they contain sample molecules. In fact, in the histogram of
pockets that contained sample molecules, ∼15% out of 446
pockets were less than 100 nm in width (Figure S4).
Efficient Searching for Liquid Pockets Is Important.
Nanosized liquid pockets can form at any place on
millimeter-sized EM grids; therefore, the key to a successful
experiment is to search for them efficiently.
GLCs can be imaged using an ordinary EM microscope,
which is routinely available to many researchers. To reduce the
possibility of “knock-on” damage to graphene, it is suggested to
operate at a low acceleration voltage (80−120 keV),39 but
experiments at higher voltage may still avoid destroying the
seal, probably because of the low probability of dislocating
many atoms.30 For organic and biological samples, it is
accepted that a lower acceleration voltage provides better
contrast and that one should use the lowest electron dose rate
that produces the needed contrast, although radiolysis will be
higher at lower energies so that the voltage choice is
complicated and will be very sample dependent.40 Empirically,
we notice that the most probable place to find GLCs is around
the center region of an EM grid, at the periphery of a dried
sample droplet, indicated by a dark inner region and light outer
region (Figure 3l−m) in the fluorescent screen of the usual
electron microscope setups.
At the three-phase contact line of a sample droplet, the
chances are higher that the graphene sheets tear apart. This
tends to introduce creases or scrolls, and the decreased
thickness of the liquid layer helps to seal graphene sheets.
Given that the most probable shapes are the high-aspect-ratio
rectangles and tubes, slender shadows (Figure 3n,o) on the
fluorescent screen are good indicators of this. In addition, we
notice that good liquid pockets usually are found near each
other; visually, they resemble “fruits” interconnected to a “tree”
by different branches. It is advisable to begin to search at a
E
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lower magnification to minimize electron irradiation on the
sample prior to switching to the imaging mode at a higher
magnification for better resolution.
How to Identify Sample Damage. Ideally, molecules
should be imaged in a bubble-free, damage-free, and
contaminant-free GLC. Bubbles not only perturb the native
dynamics of sample molecules but also are a symptom of
radiolytic damage.
Figure 4a−c summarizes common patterns of bubbles that
we observed (see also Movie S1). Patterns correlate with the
pocket size. For larger pockets, the bubble dynamics are shortlived. A giant single bubble appears to occupy the entire pocket
width (Figure 4a) and dries the pocket in a few seconds.
However, in smaller pockets it is common to find preexisting
bubbles, both multiple (Figure 4b) and single (Figure 4c), that
live up to the life of a pocket. Sometimes, short polymer-chainlike objects assemble around these stable bubbles (Figure 4c),
but this was never observed for larger bubbles. Likely these are
products of the electron-beam-driven chemistry of carbon of
adatoms and surface defects on graphene, which can form into
chains and aromatic molecules41 and stay at the gas−liquid
interface because they are hydrophobic. Taken together, larger
pockets are the better choice to avoid interferences from
bubbles and contaminants, provided they are not excessively
large.
For these larger pockets, we found that common radical
scavengers (for example, glycerol, salt, and n-propyl gallate)
can effectively retard bubble formation by a factor of up to 5.
Even more importantly, the isotope effect of using D2O instead
of H2O can extend the bubble-free imaging time by a factor of
10, perhaps as the advantageous isotope effect multiplies
during the 70-odd radical reactions that others have identified
to be involved in radiolysis.26 However, radiolysis-induced
bubbles always form eventually.
How can sample damage be evaluated? Summarizing our
experiences with >1000 molecules in hundreds of pockets, we
identify common degradation patterns. Degradation of sample
molecules can be isotropic (Figure 4d−f) or anisotropic
(Figure 4g,h), as one sees from plotting their size as a function
of imaging time (Figure 4i,j). Regardless of the sample type�
lipid assembly (d), dsDNA (e), or polymer (f)�the molecular
size decreased, which is as expected because radicals are the
major source of damage in LP-EM imaging when the electron
dose is low.16 This chemistry is mostly nonselective; radicals
form in the liquid, propagate by diffusion from outer to inner
regions, and finally degrade the molecules. Quantifying d in
Figure 4j, a trend toward decreasing size raises a red flag, as the
molecule size (projected into the plane of observation) should
fluctuate around a constant value.4,26
Anisotropic degradation emerges when molecules encounter
a physical obstacle. For example, asymmetric chain scission
occurs when a polymer chain encounters a gold nanoparticle
(Figure 4g). After several rounds of collision, the polymer
chain breaks at the point where it touches the surface of gold
nanoparticles, indicating a reaction hot spot at the surface,
likely due to catalysis or accumulations of charges and
radicals.42 Likewise, on a bubble (Figure 4h), chain scission
appears to have occurred in the middle, as the two broken
pieces are similar in size, likely because the shear stress built up
the center as the molecule interacted with the curved bubble
surface,43 qualitatively similar to what was recently observed in
ref 33 for a more rigid polymer. In contrast to the isotropic
degradation pattern of a polymer chain, quantification revealed
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the difference summarized in Figure 4j and captured the
formation of two pieces from chain scission and their similar
(g) and different sizes (h).
Analysis of Intermediate States from Large Data Sets.
Data analysis poses a nontrivial challenge to define the relevant
data set. One inevitable difficulty is that since molecules are
not mixed in situ; many have already interacted before imaging
starts. Thereby, not only is a large quantity of high-quality data
needed to boost the chances to capture inherently lowprobability processes but also one needs a credible yet efficient
way to identify the process of interest. It is thus important to
have molecules whose initial and final states are known from
independent methods, because the size and shape are the keys
to identify sample molecules when elemental composition is
not yet attainable concurrently.
With three examples, we now describe how we could
identify a credible biological process from time-lapsed images,
discover intermediate states,30 and in part also explore the
limits of LP-EM for fragile processes that involve a subtle
interplay of molecular forces. Toward the formation of a
double-stranded DNA (Figure 5 and Movie S2), we examined
two systems: hybridization of complementary homosequences,
A and T, and an enzyme-catalyzed DNA polymerization
process. The former is a spontaneous process driven by
hydrogen bonding, and the latter involves enzymes. We also

Figure 5. Intermediate states of assembly to form a DNA double
helix by hybridization (a, b and Movie S2) and by polymerization
(c, d and Figure S11), accompanied in each case by schematic
sketches of molecular conformations. Each panel is specified
according to the elapsed time such that t = 0 is defined as the time
of the first illumination bt the electron beam. The scale bar is 20
nm. The coordinate axis in the lower left indicates the orientation
of the DNA strands. (a) Successful hybridization process. (b)
Unsuccessful process trapped in a loop state. (c) Schematic
illustration of the mechanism of polymerization by an enzyme. Red
denotes the primer and blue the monomer. (d) Representative
intermediates for DNA polymerization. The yellow arrows
highlight enzymes. In the accompanying schematic sketches, red
denotes the polymer and yellow spheres indicate the enzymes
ligase and Bgl1.
F
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Figure 6. Progressive coalescence of lipid bicelles. (a) As-taken TEM image of a 350 nm wide graphene liquid cell containing bicelles of
dimyristoylphosphatidylcholine (DMPC) and dihexanoylphosphatidylcholine (DHPC). The scale bar is 50 nm (Movie S3). (b)
Representative images (top) and with a false color filter to enhance visual contrast (bottom) before and after coalescence: three bicelles, two
bicelles, and one bicelle. The scale bar is 10 nm; t = 0 is defined as the moment the electron beam is turned on. (c) Projected area plotted
against time for the three bicelles identified by number (1, 2, and 3) in (b). (d) Center-of-mass displacement plotted against time for the
same three bicelles. Symbols: bicelle 1 (open squares); bicelle 2 (triangles); bicelle 3 (circles). In addition, we plot the coalescence of
bicelles 2 and 3 (rhomboids) and the coalescence of 1 + (2 + 3) (filled squares).

Enzyme-Catalyzed DNA Polymerization. The second
example is polymerization of DNA, catalyzed by a combination
of enzymes.44 This irreversible polymerization process contains
the sticky-end cohesion and ligation step of DNA primers (15
bp) and monomers (5 bp) and the step that regenerates the
original sticky end of the primer (Figure 5c and Figure S11).
Ideally, at the beginning of the reaction, we should observe that
an object, originally about 5−7 nm long (primer + monomer,
20 bp), grows to a rod of tens of nanometers long, with
intermediate transient association with globular objects
(enzymes). Indeed, as shown in Figure 5d, we observed a
chain elongation process that starts from a small object (0 s),
∼5 nm in diameter, to finally become a 40 nm rod (33.8 s). In
between, we observed rich intermediate structures, circles (0,
13.0, 18.2 s) and ripples (7.8 and 22.1 s). At 3.9 and 13.0 s, we
observed a small globular object on the growing entity, albeit
differing in size slightly. Tentatively, we attribute the dot to
BgI1 to 3.9 s and T4 ligase to 13.0 s according to their size
provided by the Protein Data Bank: 5−645 and 7−8 nm,46
respectively.
Growth Dynamics of Lipid Assembly. As a third example,
we consider well-defined initial and final shapes: lipid
assemblies of pancake shape when they interact and grow by
coalescence. Bicelles are small lipid assemblies that are used as
model membranes in structural biology and mass spectroscopy.47 We observed the expected fusion process (Movie S3):
three pancakes (∼6 nm, 28.6 s) turned into a larger pancake
(84.5 s, ∼15 nm), as shown in Figure 6a. Two fusion processes
occurred successively, as shown in time-lapsed images (Figure
6b) and size changes of individual assemblies (Figure 6c). The
fusion process was quick, as both events were completed
within 3 s: the first process was observed during the times

imaged a third system, lipid assemblies and their growth
(Figure 6).
DNA Hybridization. When two single strands encounter and
form a duplex, there are significant shape changes: two objects
meet up and become one. The initial reactant should be two
soft coils, and the final product DNA should be a rod of known
length when the sequence is less than 150 bp, which amounts
to the persistence of double-stranded DNA.
When discriminating shapes, one must keep in mind that
images are two-dimensional projections of the actual
structures. In a study in which this laboratory was interested
in error correction mechanisms in DNA base pairing and their
dependence on repeating units, we implemented experiments
on homo sequence adenine and thymine of 50 bp. With this
consideration, we identified a successful hybridization event
from screening many molecules (Figure 5a). Two barely
overlapped objects at the initial time (0 s) turned into a rod
which was captured in both a side view (66.3 s) and a top view
(26.0 and 97.5 s). The rod is ∼17 nm long, matching the
expected length for 50 bp, as 0.34 nm/bp, shorter than that
which we previously observed for a 90 bp sequence.4 Multiple
flips captured the innate diffusional motion of these molecular
assemblies. For the unsuccessful example, we observed that
two objects quickly formed a loop structure (36.4 s) by
initiating contact of two ends (Figure 5b) whose size is also
∼17 nm and remained stable up to 100 s until damaged. The
observed intermediate states are consistent with a previous
study of 90 bp DNA of different sequences:4 “V” shapes (23.4
s) were observed from the successful process and loops for the
unsuccessful process. When one observes consistency of this
kind upon comparing base-pairing events of different-length
molecules, it is reassuring regarding data quality.
G
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labeled 54.6 and 57.2 s, during which an ∼10 nm pancake was
formed from two smaller pancakes, while the second process
was observed during the times labeled 83.2 and 84.5 s. Bicelles
are mobile during coalescence and diffused ∼20 nm on average
during each event (Figure 6d).
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bound of the pressure inside these GLCs can be estimated
when one takes width as the characteristic length scale (l = 150
nm) and considers the surface tension of water (γ = 72.8 ×
10−3 N/m). The Young−Laplace equation then implies
pressure (P = γ/l) of 400 kPa, ∼4 atm. A complication is
that the actual interfacial tension of graphene and water is
unclear,52 as the wettability of graphene appears to be
enhanced by surface oxidation. In the absence of direct
experimental characterization, a simulation suggested that the
wettability of a nanodroplet on graphene is significantly
modulated by the underlying substrate and also the droplet
size.53 Additionally, dissolved gases and gases from radiolysis
that might be too small to show up as bubbles,54 may also
increase the pressure. Consistent results from diverse biological
systems in GLC suggest but do not prove that 5−10 atm seems
to be a liberal upper bound of pressure within a liquid pocket.
Comparison to Cryo-EM and Other Liquid Cell
Experiments. Such a comparison shows reassuring consistency. Given that most radicals diffuse more quickly and are
less reactive in a liquid than in a cryogenic state, the critical
dose to produce damage is expected to be larger in a liquid
than in a cryogenic state, perhaps by 1 order of magnitude, and
additional protection from free radical scavenging by graphene
is expected to increase this estimate, perhaps by another order
of magnitude.24 For cryo-EM, a safe dose was reported to be
∼100 e−/A2 for a protein structure and ∼10 e−/A2 to image
the structure of active enzymes.55
From this perspective, our typical cumulative dose of 500−
1000 e−/A2 is within a reasonable range. This is consistent
with LP-EM experiments of biological samples using doses of
up to ∼1000 e−/A2: not only consistent with an experiment
that imaged DNA motion in GLC25 but also consistent with
the observed structural intactness of whole mammalian cells in
a liquid.55 However, the situation of electron beam damage in
liquid cells is complicated and not fully understood, as some
recent work indicated that very low doses (0.0005−0.01 e−/
Å2) can inactivate lipid bilayers.56 Historically, the dose and
dose rate have been used to evaluate these damage events in
the field, by measuring the G values; this too is desirable for a
better understanding in the future.57
Local Heating. When beam-induced heat generation was
balanced with conductive heat dissipation in a SiN liquid cell
under normal imaging conditions, the local heating was
estimated to be 4 °C.15 But when one considers the larger
heat transfer coefficient of graphene (2−3 orders of magnitude
higher, 3000−5000 W/mK as compared to 20−30 W/mK for
SiN) and the inverse relation of this quantity to local heatinginduced temperature changes,15 specimen heating is expected
to be negligible in a GLC.30 While it is true that recent
measurement indicated that the temperature of a nanoparticle
in a SiN liquid cell can be raised by up to 30 °C upon 5 min
irradiation by 3 e−/(Å2 s),58 such localized heating is expected
to be less for low-z-element organic molecules because they
have greater heat capacity than metals.
Local Charge. It is well-accepted that the superior
electrical properties of graphene (8 × 108 S/m as compared
to 4 × 104 S/m for SiN, 102−105 S/m for carbon, 10−5 S/m for
water, and 10−9 S/m for ice) relieves the accumulation of
electrical charge and thus minimizes the potential resulting
perturbed surface liquid structure. For example, when
graphene was used as a substrate for protein absorption for
cryo-EM, charge-induced displacement of adsorbed protein
molecules was reduced by up to 40% during charge

DISCUSSION
A successful single-molecule LP-EM experiment requires stepby-step considerations: system design, sample preparation, an
efficient search for desirable pockets, and finally identification
of low-probability “in action” molecular processes, discriminated from the trajectories of hundreds of molecules. Electron
optics are not the limitation to resolve these processes at the
desired resolution, since point resolution of the most common
instruments is less than 1 Å: i.e., less than the typical distance
that a molecule of interest diffuses during the time of any single
observation window. Rather, resolution is determined by
sample contrast under a safe electron dose within an adequate
frame rate that captures the molecular process.
The formation of liquid pockets is inherently random. It
requires the breakup of a microsized droplet into nanosized
droplets, a process that is susceptible to solvent evaporation,
surface pinning, and their induced flows.48 Local graphene
properties including wettability, flexibility, defects, and even
underlying substrates41 could profoundly affect the process. It
is concerning that, given the current state of the art, protocols
that sound so similar as described in the literature27,29,34 lead
to outcomes that can be so different.
The three examples discussed above illustrate that GLCbased LP-EM single-molecule experiments are capable of being
widely implemented for diverse biological samples, capturing
continuous processes with nanometer resolution, provided that
the experiment is designed suitably. Between the expected
initial and final states, the intermediate structures that we
resolve provide opportunities for a direct experimental
investigation of problems that are more usually studied by
simulations. Our examples involved not only synthetic
polymers but also DNA hybridization and the interaction of
DNA with enzymes. A challenge for the community will be to
understand more fully the intermediate structures illustrated in
these examples. For example, it is not intuitive how and why
DNA sometimes adopts a shape that is apparently circular in
cross-section and then breaks into ripples, especially when the
product DNA is still shorter than the persistence length
(Figure 5d). Regarding lipid systems, dynamic processes such
as lipid assembly fusion and fission49 have been well
characterized by ensemble measurements but the capability
to observe them individually enables experiments to directly
compare with simulation, as suggested by previous studies for
block copolymer micelles10,19 that were larger in size, 50−100
nm.
The Issue of Pressure. In the literature, one can find
longstanding interest in and arguments about the pressure
within GLC pockets. As graphene veils are sealed by van der
Waals interactions, it is proposed that high pressure must build
up. Estimates can be as large as a gigapascal for gaps of atomic
thickness50 but decrease with increasing pocket height,
dropping to a megapascal at a thickness of tens of nanometers,
the thickness that appears to be typical.37,38 In our experiments, we found that molecules were mostly trapped in
graphene scrolls and creases, which form due to the interplay
of elastic energies of the graphene membrane (e.g., bending)
and the total surface energy of the system.34,38,51 An upper
H
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accumulation and postrelaxation at an electron dose of 25 e−/
Å.59 Likewise, this laboratory found that DNA oligomers
display Fickian diffusion (mean squared displacement proportional to lag time) using GLC (indicating minimal tendency of
molecules to be trapped by surface charge), but other reports
suggested that micelles display subdiffusion in a SiN liquid
cell19 with slope values of 0.5−0.7.
Near-Surface Viscosity of Water. In the development of
the LP-EM technique, it was at first suspected that nanoparticles at surfaces diffuse slowly because the near-surface
viscosity of water is higher than that in the bulk,60 but this
interpretation is inconsistent with earlier mica surface force
measurements. In the tapping mode61 and in shear62 at even
smaller separations than can be achieved in an LP-EM
experiment, experiments suggested no viscosity changes. An
alternative explanation of the observed sluggish motion of
nanoparticles and molecules is the existence of adsorption−
desorption processes. For molecules, even a weak adsorption
energy at the segmental level (0.5−1 kBT, for example) can add
up to a substantial adsorption energy over the entire
molecule.63 Indeed, measured mean squared displacements
of individual molecules are Fickian apart from surfacemediated long jumps.2,4 Long jumps are believed to stem
from the rare event that all segments in a macromolecule
desorb simultaneously, thus allowing the entire molecule to
detach from the surface�transiently with significant chances
of readsorption.64
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The Supporting Information contains supplementary figures
S1 to S11 and legends for movies S1 to S3.

EXPERIMENTAL SECTION
Materials. Quantifoil@R 1.2/1.3 gold grids with mesh size 300
were purchased from SPI Supplies, 2 layer and 3−5 layer CVDs
grown on copper were purchased from ACS Material, and 0.1 M
ammonium persulfate was purchased from Sigma-Aldrich.
Oligos for DNA Hybridization. Homo A and Homo T singlestranded DNA oligos 50 base pairs long were obtained from
Integrated DNA Technologies, with polyacrylamide gel electrophoresis purification. The oligos were than diluted in Tris-EDTA/
D2O buffer to make a 100 μM solution with pH = 8.0.
Oligos for DNA Polymerization. We followed the protocol
previously reported.44 Primer: 5′-gCA TAC TgT CgT TCC TTT
Tgg AAC gAC AgT ATg Cgg C-3′. Monomer: 5′-CAg gCC ggC TAA
ATg ATT ATT TTT AAT CAT TTA gCC ggC CTg gCC-3′. Strands
were ordered from Integrated DNA Technologies with polyacrylamide gel electrophoresis purification. The primer and monomer were
dissolved in 30 μL of NEB Buffer 3 (containing 100 mM NaCl, 50
mM Tris-HCl, pH 7.9, 10 mM MgCl2, 1 mM DTT). The ×10 buffer
was diluted with D2O. The final primer concentration was 0.1 μM. A
total of 1200 units of T4 polynucleotide ligase (NEB) and 30 units of
Bgl I (NEB) were added to initiate the polymerization.
Bicelles. We followed the protocol previously reported.47
Dimyristoylphosphatidylcholine (DMPC) and dihexanoylphosphatidylcholine (DHPC) were purchased from Avanti Polar Lipids and
used without further purification. Lipids were dissolved in D2O at 5
wt %.
Instruments. All experiments were performed using an instrument
of the kind routinely available at many research institutions: a JEOL1400 instrument at the Central Research Facilities at our university,
with 120 keV electron energy and dose rate 10−20 e− /(Å2 s), such
that images were collected consecutively with 0.3 s exposure time and
1 s between frames with a CCD (4 × 4 pixel binning resulting 512 ×
512 pixels) with an indirect electron detection scheme (Gatan US
1000). Liquid pockets were searched at 20−25 K magnification and
imaged at 60 K. Some liquid pocket data used for statistical purposes
in Figure 2 were obtained from a Tecnai T20 instrument, located at
the Electron Microscopy Laboratory of Peking University, and a JEM2100 instrument with a Gatan Oneview IS camera, at the Analytical
Instrumentation Center of Peking University, both at 80 kV.
Image Processing and Data Analysis. Electron micrographs
were directly imported to ImageJ with .dm3 format. Drifts were
corrected with a “template-matching” function by choosing an
immobilized feature on the image for reference: for example, patterns
on the graphene substrate and dried molecules. To increase contrast,
we usually cropped images into a small square region, typically 100 ×
100 pixels, that contained solely the molecules of interest. Onto this, a
real-space band-pass filter was applied to suppress small-scale pixel
noise and large-scale brightness fluctuations, usually with a Gaussian
blur function, with 1.5 or 2.0. Since there were not many images, a
“freehand selection tool” allowed us to manually choose the boundary
of the DNA molecule and report area, perimeter, center of mass,
mean intensity, etc. The visual contrast of images can be adjusted by
using a “brightness/contrast” function and color filters.

CONCLUSIONS
This paper has presented a critical discussion of design
strategies to image individual organic molecules using
graphene liquid cell electron microscopy. We have been
motivated by the realization that, with the current state of the
art, protocols that sound similar to those described in the
literature lead to outcomes that can differ. The key challenge is
to achieve sample contrast under a safe electron dose within a
frame rate adequate to capture the molecular process. We have
described detailed experimental procedures, and we have
shared our empirical experience regarding the conduct of
successful experiments, starting from the fabrication of a GLC,
to identification of high-quality liquid pockets from desirable
shapes and sizes, to effective searching for target sample
pockets under EM, and to discrimination of sample molecules
and molecular processes of interest. These experimental tips
may be useful to others who wish to make use of this method.
Beyond the sterile presentation of technical details, we have
presented examples from different systems�synthetic polymer, lipid assembly, DNA−enzyme�in which use of these
protocols has generated data not obtainable otherwise, thus
leading to advance of scientific understanding.
Finally, we point to possible directions to improve
experiments. A current limitation is that the current GLC
geometry uses premixed solutions. The chance to capture a
reaction process is low because usually it takes 15−30 min to
locate a viable pocket. A recent GLC design that enables in situ
mixing of solution provides a possible remedy to this
limitation.65 Regarding resolution, motion blurring is a
fundamental limitation, yet this limitation could be alleviated
using more sophisticated image processing and state-of-the-art
direct electron detector and aberration correcting instruments.
Indeed, using these approaches single-atom dynamics has been
imaged in a GLC.66
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